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Blood collection options in exotic small mammals
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A blood sample is often necessary in many exotic species for general health checking,
including routine haematology and biochemistry and/or for measurement of specific
parameters.

Figure 1. Use of the lateral saphenous vein for routine blood collection in a pet rabbit. The patient
is maintained in a normal standing position with the rear leg held extended above the hock and the
vein raised at knee level.

The method of blood collection depends on the amount required, frequency of sampling,
parameters to be measured and skills in obtaining the sample (Campbell, 2012). Fasting before
blood collection in small pet mammals is usually not required unless specific tests are requested –
for example, blood glucose in a ferret with suspected insulinoma.

The maximum amount of blood that can be safely taken in a single draw (assuming it is healthy) is
equal to 1% of the animal’s bodyweight (BW) or 10% of the animal’s total blood volume. If more
frequent sampling is required (for example, more than every two weeks), 0.5% of the BW may
need to be withdrawn at any one time as it may take two weeks or longer for all the blood
constituent to return to normal, although the blood volume will be restored within 48 hours from
collection.

It may take even longer in unhealthy patients (Campbell, 2012). However, consideration should be
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given to the fact differences may be seen in total blood volume when species and age of the animal
are compared. It is, therefore, best to err on the side of caution by using a lower blood sampling
volume estimate (0.8%) and collecting that volume no more than once every 14 days, or follow
published charts that compare the sample volume that can be collected when limited to 0.08%, 1%
or 10% of the animal’s BW (Joslin, 2009).

The Mongolian gerbil has a rapid turnover rate for erythrocytes, which have an average 10-day
lifespan. Therefore, the response to blood loss from haemorrhage is much faster in this species
compared with other small exotic mammals, and blood samples can be collected more frequently
without adverse physiologic effects in most cases (Joslin, 2009).

In small mammals, blood can be placed in ethylenediamine tetra-acetic acid (EDTA) and/or lithium
heparin for haematology and biochemistry, as the sample is often small.

Rabbits

Common sites used for venipuncture in rabbits include the jugular vein, the lateral saphenous vein,
the cephalic vein, the marginal ear vein and the central ear artery.

The cephalic vein is usually preserved for IV catheter placement (Graham and Mader, 2012).
Smaller samples can be drawn from this site, but excessive suction can cause collapse of the
vessel.

The marginal ear vein is also more often used for catheter placement. Clipping the fur and applying
a local anaesthetic to desensitise the skin can facilitate the procedure.

The central auricular artery has been used for collecting arterial blood for haemogas analysis
without any major complications in rabbits (Eatwell et al, 2013).
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Figure 2. For blood collection from the jugular vein, the rabbit is maintained with its front legs over
the edge of a table and the head extended. This position can hamper breathing so care must be
paid at all times.

Adequate pressure is required after sampling to achieve haemostasis. However, the use of ear
vessels is generally not recommended for blood collection purposes as they easily collapse
(especially if excessive negative pressure is applied) and bruise, with the risk of haematoma
formation, thrombosis, ischaemic necrosis and ear tip sloughing (Graham and Mader, 2012).

The author prefers to use the lateral saphenous vein for routine blood collection in rabbits. The
patient is maintained in a normal standing position with the rear leg held extended above the hock
and the vein raised at knee level (Figure 1). If needed, the rabbit may also be restrained in a towel
with the head covered. A local anaesthetic may be applied beforehand. The vein can be easily
seen across the lateral surface of the tibia just proximally to the hock. Large haematomas can
easily form if adequate pressure is not applied after the sample has been taken.

Alternatively, the jugular vein can be used, especially when large samples are needed (such as
blood transfusion). It can be difficult to locate in overweight rabbits or in females with a large
dewlap. The patient is maintained with its front legs over the edge of a table and the head
extended (Figure 2). This position can hamper breathing, so care must be taken at all times to
avoid overextension of the neck, or if the rabbit becomes stressed or dyspnoeic. Graham and
Mader (2012) also describe a two-person jugular venipuncture technique with the rabbit wrapped in
a towel, placed in dorsal recumbency with the head and neck extended to facilitate visualisation
and sampling from the vein. Other collection sites, such as the retro-orbital sinus or cardiocentesis,
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described for laboratory animals, are not considered acceptable for blood draws in pet rabbits.

Rodents
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Figures 3 (top) and 4. The cranial vena cava is used for blood collection in a guinea pig (top) and
a chinchilla. The injection site is just cranial to the manubrium and first rib. The needle, attached to
a syringe, is inserted at 30° to 45° in the direction of the opposite femoral head.

In rodents, it is advisable to collect blood only from stable patients and with a clear idea of the
maximum blood volume that can be safely withdrawn from a healthy or sick animal (Lennox and
Bauck, 2012). Blood collection studies in rats have shown removal of 7.5% of the total blood
volume (7.2 +/- 1.19ml/100g BW, which, in an average 300g rat, would correspond to 21.6 ml) over
24 hours are not likely to have any biological effect with complete recovery in 48 hours (Nahas and
Provost, 2002). If this amount was to be collected from a 300g rat, it would correspond to 1.62ml. If
1% of the BW was to be collected from the same animal, the blood volume collected would
correspond to 3ml.

However, blood can be collected in healthy rats up to 20% of the total blood volume over 24 hours
(4.32ml in a 300g rat) without causing any ill effects or compromising the animals’ welfare
(Campbell, 2012).

In clinical settings, large samples are not often required; therefore, a single blood draw is deemed
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safe following the general 1% BW rule. General anaesthesia may be required in many rodents for
blood sampling, as the techniques used for restraint in laboratory rodents are often not appropriate
for pet animals; however, this may have an effect on test results. In rats, following exposure to 4%
isoflurane for five minutes caused a slight downward trend in the red blood cell parameters and in
potassium, and an increase in glucose. These changes probably represent an effect of prolonged
exposure to isoflurane. Therefore, to avoid variation in these parameters, the duration of exposure
should be limited to three minutes (Nahas and Provost, 2002).

Short sedation may be a valid alternative. The cranial vena cava is the largest easily accessible
vessel in rodent species (Lennox and Bauck, 2012; Quesenberry, Donnelly and Mans, 2012), but
may result in pericardial sac penetration and bleeding into the thoracic cavity if an inappropriate
technique is used (Lichtenberger and Hawkins, 2009). The injection site is just cranial to the first
rib, 0.3cm to 0.8cm lateral to the manubrium when the animal is in dorsal recumbency. The needle,
attached to a syringe, is inserted at a 30° to 45° angle in the direction of the opposite femoral head
(Jekl et al, 2005; Lichtenberger and Hawkins, 2009). In species with an underdeveloped clavicle,
such as in guinea pigs and chinchillas, the needle is inserted cranial to the manubrium and first rib
(Figures 3 and 4).

In rodents with a developed clavicle (rat, hamster, mouse and gerbil), the needle needs to be
inserted between the clavicle and the first rib (Lichtenberger and Hawkins, 2009; Figures 5, 6 and
7).

Jugular venipuncture can be challenging in species that have short, thick necks with large fat
coverage – making the veins difficult to locate, especially in guinea pigs. Restraint may be stressful
and anaesthesia or sedation are usually required (Lichtenberger and Hawkins, 2009). The lateral
saphenous and the cephalic vein may be used, but can be difficult to locate, collapse easily and
may yield only minimal blood volumes.

The femoral vein may be used in anaesthetised rodents. However, it is advised pressure is held for
several minutes after collection in case the femoral artery is inadvertently sampled (Lichtenberger
and Hawkins, 2009).

The lateral tail vein (on either side) can be used in rats, mice and gerbils; also in rats, the ventral
tail artery may be used. The artery is located slightly off the ventral midline. An appropriately sized
needle can be inserted one-third of the length of the tail from its base at a 30° angle. Warming the
tail to allow vasodilation may help to achieve easier access. The pressure of the artery fills the
syringe with blood, thus adequate pressure is required after sampling. The lateral saphenous vein
and femoral vein may also be used in small mammals. Other collection sites used in laboratory
settings are not recommended for pets.
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Figure 5. The cranial vena cava is used for blood collection in a rat. In species with a developed
clavicle, the needle is inserted between the clavicle and the first rib. 
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Figure 6. The cranial vena cava is used for blood collection in a hamster. In species with a
developed clavicle, the needle is inserted between the clavicle and the first rib. 
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Figure 7. The cranial vena cava is used for blood collection in a gerbil. In species with a developed
clavicle, the needle is inserted between the clavicle and the first rib.  

Ferrets and skunks

Taking blood from a ferret is relatively easy and may be done without the need for general
anaesthesia. Most ferrets can be distracted with food items or multivitamins. Avoid products
containing sugars as this may affect the blood glucose levels. Fasting samples may be required for
glucose determination. Two sites are commonly used for venipuncture – the cranial vena cava and
the jugular vein.

The cranial vena cava can be accessed by restraining the ferret in dorsal recumbency with its head
and neck extended and forelimb along the side. An appropriately sized needle is inserted between
the manubrium of the sternum and the first rib at a 45° angle to the body of the animal, and
pointing towards the opposite hindlimb (Figure 8). The actual site of venipuncture is either the right
or left brachiocephalic trunk or the anterior vena cava, depending on the point of entry and the
depth of needle penetration (Quesenberry and Orcutt, 2012). There is no risk of cardiac puncture
as the heart is located caudally in the thoracic cavity.

The jugular vein is usually more superficial and lateral than in dogs and cats, and runs between the
thoracic inlet and the angle of the mandible when the head and neck are extended (Campbell,
2012). The technique is similar to that used in the cat and, when smaller samples are needed, the
cephalic or saphenous veins can be used.

Use of the ventral tail artery has been described, but is considered painful and requires
anaesthesia (Bleakley, 1980). Marini et al (1994) studied the effect of isoflurane on a ferret’s
haematologic variables and found they all decreased – starting at the beginning of induction and
reaching the maximal effect at 15 minutes. Although these alterations appear to be well-tolerated in
healthy ferrets, care should be exercised when anaemic, geriatric or debilitated ferrets are
anaesthetised with isoflurane. Similar techniques for blood sampling may be used in skunks
(Figure 9).

Hedgehog

The jugular vein can be used in hedgehogs, but sedation or anaesthesia are required to prevent
the animal from balling. The thick skin of the ventral neck can make visualisation and sampling
difficult, but the vessel’s anatomical location is similar to other small mammals (halfway between
the ramus of the mandible and the point of the shoulder; Campbell, 2012).
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The same technique used for cranial vena cava collection in ferrets can be used in hedgehogs
(Figure 10). However, the heart lies more cranially than in ferrets and this needs to be taken into
consideration to avoid cardiac puncture. The femoral, lateral saphenous or cephalic veins may also
be used if small samples are needed.

  
  

 
Figure 8. The cranial vena cava is routinely used in ferrets. 
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Figure 9. The same technique used for cranial vena cava blood collection in ferrets may be used in
skunks. 
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Figure 10. The same technique used for cranial vena cava blood collection in ferrets can be used
in hedgehogs.  
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